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Abstract
While photosynthetic microalgae, such as Chlorella, serve as feedstocks for nutritional oils and biofuels, heterotrophic
cultivation can augment growth rates, support high cell densities, and increase triacylglycerol (TAG) lipid content. However,
these species differ significantly in their photoautotrophic and heterotrophic characteristics. In this study, the phylogeny of
thirty Chlorella strains was determined in order to inform bioprospecting efforts and detailed physiological assessment of
three species. The growth kinetics and lipid biochemistry of C. protothecoides UTEX 411, C. vulgaris UTEX 265, and C.
sorokiniana UTEX 1230 were quantified during photoautotrophy in Bold’s basal medium (BBM) and heterotrophy in BBM
supplemented with glucose (10 g L21). Heterotrophic growth rates of UTEX 411, 265, and 1230 were found to be 1.5-, 3.7-,
and 5-fold higher than their respective autotrophic rates. With a rapid nine-hour heterotrophic doubling time, Chlorella
sorokiniana UTEX 1230 maximally accumulated 39% total lipids by dry weight during heterotrophy compared to 18%
autotrophically. Furthermore, the discrete fatty acid composition of each strain was examined in order to elucidate lipid
accumulation patterns under the two trophic conditions. In both modes of growth, UTEX 411 and 265 produced 18:1 as the
principal fatty acid while UTEX 1230 exhibited a 2.5-fold enrichment in 18:2 relative to 18:1. Although the total lipid content
was highest in UTEX 411 during heterotrophy, UTEX 1230 demonstrated a two-fold increase in its heterotrophic TAG
fraction at a rate of 28.9 mg L21 d21 to reach 22% of the biomass, corresponding to as much as 90% of its total lipids.
Interestingly, UTEX 1230 growth was restricted during mixotrophy and its TAG production rate was suppressed to
18.2 mg L21 d21. This constraint on carbon flow raises intriguing questions about the impact of sugar and light on the
metabolic regulation of microalgal lipid biosynthesis.
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Introduction
While many benefits of microalgae production are inherent to
photosynthetic carbon dioxide assimilation, heterotrophic growth
can circumvent certain limitations of photoautotrophic cultivation,
such as ineffective light transfer in saturated cultures and low
photosynthetic efficiencies [1,2]. During heterotrophy, the pres-
ence of a fixed carbon source (i.e., sugar) can promote rapid
growth, support high cell densities, and augment lipid accumula-
tion [3]. As such, this mode of growth has been exploited for the
industrial production of polyunsaturated fatty acids and bioactive
pigments to serve nutritional markets [4,5]. In recent years,
however, incentives to grow oleaginous microalgae have shifted
toward biofuels as an end product [6–8]. Triacylglycerol (TAG) is
a preferred renewable oil because it possesses a high molar ratio of
hydrogen to carbon, can be easily extracted from biomass and
directly converted to drop-in biofuels by transesterification,
hydrotreating, or pyrolysis [9,10]. If heterotrophic substrates can
be sustainably sourced for relatively low cost (e.g., derived from
cellulosic biomass, wastewater, or directly produced by other
photoautotrophs) [11], the bioconversion of organic compounds to
lipids may be a viable model for algal biofuel production [12,13].
For the commercial cultivation of microalgae, nitrogen limita-
tion is a well studied environmental stressor known to induce lipid
accumulation [14–17]. Detailed analyses of heterotrophic algal oil
production have also been reported and recently reviewed [18–
23]. Additionally, mixotrophic cultivation with sugar and light can
stimulate high oil yields [24]. While we have previously assessed
the biomass and lipid productivities of Nannochloropsis, Dunaliella,
and Chlorella species grown on a wide variety of sugars [25], the
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Figure 1. Proposed phylogenetic tree of Chlorella species of interest. Green arrows point to branch placement of the three candidate strains
examined in this study (C. vulgaris UTEX 265, C. sorokiniana UTEX 1230, and C. protothecoides UTEX 411); black arrows indicate strains with active
genome projects. Asterisks denote strains found to align more closely with a species other than their original labeled speciation. The scale bar
represents a 2% difference between distinct ITS region sequences.
doi:10.1371/journal.pone.0092460.g001
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present study focuses on the Chlorella genus of green algae
(Chlorophyceae), most commonly known for its nutritional benefits
when consumed in whole cell dietary supplements [26–28].
Various aspects of plant physiology and metabolism have also
been studied in Chlorella for nearly a century [29,30]. In the early
1950s, when open pond cultivation systems first became prevalent,
Chlorella species were some of the first microalgae to be produced
in mass quantities and an investigation of scale-up ‘‘from
laboratory to pilot plant’’ was reported by Burlew [31].
Despite the long history of the Chlorella genus, currently the only
species with a fully sequenced, annotated, and publicly available
genome is Chlorella variabilis NC64A [32]. This unique strain is
both the host to large DNA chloroviruses and can be an
endosymbiont of Paramecium bursaria, surviving through mixo-
trophic nutrient exchange [33–35]. When NC64A is not harbored
by P. bursaria, it is susceptible to viral infection and requires
nutrient supplementation to grow [36–38]. While its genome
remains a valuable resource for understanding the balance of
carbon metabolism, symbiosis, and pathogen-host interactions,
NC64A is not a likely candidate for biomass production due to its
low yields. Instead, other Chlorella species have been cultivated
under mixo– and heterotrophic conditions for the production of
lutein and astaxanthin (antioxidants) and have served as the basis
for mathematical models of sugar-based growth [39–44]. Recent
metabolic flux analyses and transcriptomic studies performed
under different trophic conditions also provide compelling
information about shifts in Chlorella lipid metabolism [21,45–47].
In order to fulfill an ongoing search for production organisms
and model algal systems, the present study assesses the biodiversity
of Chlorella species based on biofuel production qualities of
heterotrophic growth and TAG accumulation when supplemented
with glucose at 10 g L21. After phylogenetic sequencing of thirty
strains from culture repositories, C. sorokiniana UTEX 1230, C.
vulgaris UTEX 265, and C. protothecoides UTEX 411 were selected
for comparative analyses based on growth rates, biomass yield,
and lipid productivities in photoautotrophic and heterotrophic
culture. The influence of heterotrophy and mixotrophy on lipid
biochemistry was also investigated through examination of the
abundance, composition, and distribution of total oils as mem-
brane-associated lipids, TAG neutral lipids, or accessory lipophilic
molecules. Finally, discrete lipid profiles were determined using
gas chromatography–mass spectrometry (GC-MS) to evaluate the
dynamics of fatty acid chain length and degree of saturation
during the course of cultivation. As a result of this comprehensive
Chlorella species screening, the occurrence of differential lipid
compositions led to further consideration of C. sorokiniana as a
potential platform for bioenergy and biotechnology.
Results
Phylogenetic analysis of Chlorella species and strain
pedigree
For our initial species selection, a ‘‘genetic fingerprint’’ based on
the 18S ribosomal RNA’s internal transcribed spacer (ITS) regions
was established for each isolate from a collection of over thirty
Chlorella strains and used to construct a phylogenetic tree (Figure 1).
The annotated 18S ITS sequences for these organisms have been
made available online through the GenBank database. During this
survey, we encountered some Chlorella strains that had been
designated as related species (e.g., UTEX 29, 2714) and some
strains that group within a separate genus entirely (UTEX 2248,
252). Sequencing of the ITS regions also revealed close
phylogenetic relationships between Chlorella species in our collec-
tion and other strains with active genome projects or available
transcriptomes, including NC64A, CS-01, UTEX 395, 259, and
25 [45,46].
In order to compare autotrophic Chlorella species’ propensity to
grow on glucose and accumulate lipids under uniform heterotro-
phic conditions, C. sorokiniana UTEX 1230, C. vulgaris UTEX 265,
and C. protothecoides UTEX 411 were selected based on vigorous
growth attributes during preliminary examination in minimal
nutrient Bold’s basal medium (BBM) (unpublished data). These
three strains were found to be phylogenetically distinguishable
within their species groupings and each possesses unique
physiological traits. The first in this group, Chlorella sorokiniana
UTEX 1230, has been studied extensively for its carbohydrate,
lipid, protein, and biopolymer content [48–50] as well as hydrogen
photoproduction [51], glucose transport [52], production of
biomolecules by fermentation [53,54], and bioremediation capa-
bilities [55–58]. This organism was isolated by Sorokin and
Meyers in the early 1950s [59] and maintained in many culture
collections under different strain numbers (originally classified as
C. pyrenoidosa) [60–64].
Chlorella vulgaris is a closely related algal species often used as a
health supplement [65]. While some annotated genomic sequences
have been made available for this species [66], the C. vulgaris strain
UTEX 265 examined in the present study has not been fully
characterized in this manner. Nonetheless, the population
dynamics of UTEX 265 have been studied using genetic probes
[67] and this particular strain demonstrates heterotrophic growth
in medium containing 0.1–0.6% glucose [68]. A related C. vulgaris
strain (UTEX 395) is the subject of intense transcriptomic and
proteomic analyses of lipid biosynthetic pathways [45,69].
Chlorella (Auxenochlorella) protothecoides is a well established
heterotrophic alga that can utilize glucose as an organic carbon
source [40]. Furthermore, C. protothecoides UTEX 411 can grow on
sucrose and glycerol [70,71] and has been exploited for lutein
production [40]. Other C. protothecoides strains have been cultivated
heterotrophically for lipid production— achieving over 55% lipids
by dry weight [8] and scale-up to 10,000-L bioreactors [9]. This
demonstration has reinforced the potential of heterotrophic
Chlorella species to generate substantial quantities of lipids for
biofuel production.
Growth and biomass yields of C. sorokiniana (UTEX 1230),
C. vulgaris (UTEX 265), and C. protothecoides (UTEX 411)
The three selected Chlorella species were cultivated using
previously reported growth methods in separate photoautotrophic
and heterotrophic batches for quantitative growth and biomass
assessment [72]. The heterotrophic specific growth rates of UTEX
411, 265, and 1230 (0.48, 0.84, and 1.77 d21, respectively) were
found to be 1.5-, 3.7-, and 5-fold higher than their autotrophic
rates (Table 1). A comparison of auto– and heterotrophic growth
curves for C. sorokiniana, C. vulgaris, and C. protothecoides cultures
inoculated with 16106 cells ml21 is shown in Figure 2A. Although
heterotrophic growth has been reported for each algal strain
[9,52,68,70,71], C. sorokiniana UTEX 1230 demonstrated the most
significant heterotrophic advantage in Bold’s basal medium with
glucose (10 g L21). Within one week, heterotrophic C. sorokiniana
UTEX 1230 reached the highest cell density of all strains
(1136106 cells ml21), while the final heterotrophic cell densities
of C. vulgaris and C. protothecoides cultures were at least 9-fold lower
(10226106 cells ml21). Under autotrophic conditions, UTEX
265, 1230, and 411 achieved cell densities of roughly 90, 40, and
10 million cells ml21 at their respective stationary phases with
comparable photoautotrophic specific growth rates (m= 0.23–
0.36 d21).
Influence of Light and Sugar on Chlorella Lipids
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At the termination of each culture, the dry biomass weights of C.
sorokiniana, C. vulgaris, and C. protothecoides were compared
(Figure 2B). Not surprisingly, heterotrophic C. sorokiniana UTEX
1230 amassed the greatest final biomass (1.8 g L21), while the dry
weights of C. vulgaris and C. protothecoides heterotrophic biomass
were both close to 0.5 g L21. When grown autotrophically,
Chlorella vulgaris UTEX 265 reached a final biomass density of
1.1 g L21 (946106 cells ml21) while C. sorokiniana UTEX 1230
Figure 2. Growth curves and volumetric biomass yields of C. protothecoides, C. vulgaris, and C. sorokiniana. (A) Photoautotrophic (%) and
heterotrophic (&) cultures were followed over the course of four weeks or until the population reached stationary phase. Data points are
representative of biological replicates and error bars denote standard deviations greater than 16106 cells ml21. (B) C. protothecoides, C. vulgaris, and
C. sorokiniana final biomass concentrations in 1.5-L culture during auto– (white) and heterotrophy (gray) are compared. Error bars designate standard
deviation from the average of three technical replicates.
doi:10.1371/journal.pone.0092460.g002
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reached a maximal cell density of 446106 cells ml21 at 0.6 g L21
dry weight, similar to the 0.5 g L21 biomass yield of UTEX 411
from only 106106 cells ml21. Interestingly, C. protothecoides UTEX
411 may possess more massive cells based on dry weight although
it was unable to reach cell densities above 10 million cells ml21
during either auto– or heterotrophic modes of cultivation in the
present study. Both C. protothecoides UTEX 411 and C. vulgaris
UTEX 265 exhibited an extended lag phase during heterotrophy
before expansion of the population, suggesting a lengthy
acclimation period for growth on simple sugar. Based on its rapid
growth and high biomass yield under heterotrophic conditions, C.
sorokiniana UTEX 1230 was taken into consideration as a lead
candidate for an in depth investigation of oil production from
heterotrophically-grown cells.
Lipid content and composition of Chlorella during auto–
and heterotrophic cultivation
In order to evaluate oil production during auto– and
heterotrophy, total lipids were extracted from the three Chlorella
strains followed by transesterification to form fatty acid methyl
esters (FAME) for GC-MS analysis. While autotrophic UTEX
1230 lipid extracts remained deeply green due to chlorophyll,
heterotrophic lipid extracts exhibited a yellow hue (Figure 3A),
indicative of inhibited chlorophyll synthesis. The distribution of
each strains’ lipid extract is categorized in Figure 3B according to
its major components: total lipids measured gravimetrically; total
fatty acids measured as FAME; and TAG neutral lipids. In this
figure, the inferred difference between FAME (gray bars) and
TAG lipids (black bars) in each case is assumed to approximate the
amount of membrane lipids [+]. In a similar manner, comparing
FAME lipids quantified by GC-MS to total lipid extracts (white
bars) leads to the recognition of an unaccounted fraction [*],
which represents other lipophilic biomolecules that can be
extracted by the organic solvent system, but not measured by
GC-MS analysis of the FAME component. This residual fraction
is likely to be constituted by chlorophylls, lipid-soluble metabolites,
and carotenoids such as lutein. Since many of these accessory
‘‘lipids’’ can be molecules associated with photosynthesis, carbon
fluxes are likely to be directed toward these biomolecules rather
than TAG during photoautotrophy. For example, UTEX 265 and
411 maintained roughly 60% of their total autotrophic lipids as
accessory pigments and metabolites compared to only 16% in
UTEX 1230. Consequently, UTEX 1230 partitioned more of its
total autotrophic biomass as TAG (11% of the biomass; 60% of
total lipids) compared to the markedly lower autotrophic TAG
levels in UTEX 265 and 411. The photoautotrophic biomass of C.
sorokiniana UTEX 1230 was comprised of 18% total lipids, 15%
fatty acids, and 11% TAG by dry weight, while C. vulgaris UTEX
265 accumulated equivalent amounts of total lipids (18%), but
considerably lower levels of fatty acids (7.6%) and TAG (6.6%).
Chlorella protothecoides UTEX 411 biomass contained the lowest lipid
contents during autotrophy with 12% total lipids, 4.5% fatty acids,
and 2.3% TAG.
As evidenced by the early onset of chlorosis in C. sorokiniana
UTEX 1230, accessory pigments can be dramatically reduced
during heterotrophy (Figure 3A). Accordingly, this unique
phenomenon is manifested in the similarity between the total
lipid content and total fatty acid content in UTEX 1230 with
marginal amounts of accessory metabolites and minimal mem-
brane lipids [6] (Figure 3B). Since the absence of chlorophyll
observed during heterotrophic cultivation of UTEX 265 and 411
was not as severe as UTEX 1230, there is not nearly as much
parity between their total lipids and total FAME contents. During
heterotrophy, UTEX 1230 total lipid, fatty acid, and TAG
contents increased to 24%, 23%, and 21%, respectively, amassing
the highest TAG level among all strains examined, which was also
two-fold higher than the TAG content of UTEX 1230 during
autotrophy. The total lipid, FAME, and TAG contents of
heterotrophic UTEX 265 exhibited proportional increases to
26%, 16%, and 13%, respectively. Compared to the other strains,
UTEX 411 accumulated the highest total lipid content of 31%
with 24% fatty acids during heterotrophy. However, a smaller
portion of these lipids was stored as TAG (12% of the biomass;
40% of total lipids). Despite the respectable oil induction in UTEX
265 and 411 with 1.5–2.5 times higher total lipid contents during
heterotrophy relative to autotrophy, these two strains possessed
slow growth rates and low heterotrophic biomass yields under the
current cultivation conditions. Alternatively, UTEX 1230 dem-
onstrated rapid growth during heterotrophy and accrued an
overwhelming majority of its total lipid content as TAG.
The quantitative results of neutral lipid induction gathered from
UTEX 1230 lipid extracts during heterotrophy were also
confirmed with an in situ method using Nile Red (NR) to stain
whole cells [73]. As conveyed by fluorescent emission curves
(Figure S1), heterotrophic UTEX 1230 exhibited a clear
maximum of 5.86104 fluorescent intensity units (FIU) at its
expected emission wavelength of 580 nm compared to 26104 FIU
autotrophically. The signatures of these NR profiles indicate that
UTEX 1230 accumulated more hydrophobic biomolecules under
heterotrophic conditions compared to autotrophy. In addition to
different carbon sources, corresponding pH changes in auto– and
heterotrophic media during algal growth can also contribute to
lipid accumulation and influence fatty acid speciation [74]. While
autotrophic cultures of C. sorokiniana UTEX 1230 became alkaline
with pH rising from 7.3 to 10, heterotrophic cultures experienced
slight acidification from pH 6 to 4.8 (Figure S2).
Distribution of fatty acid chain length and degree of
saturation in Chlorella species
In order to further characterize the lipid metabolic profiles of
these three Chlorella species, detailed fatty acid compositions were
elucidated by GC-MS for auto– and heterotrophy (Figure 4). The
typical distribution of sixteen- to eighteen-carbon fatty acids with
no more than three degrees of unsaturation (16–18 : #3)
characteristic of many freshwater green algae was confirmed
[74,75]. While all species exhibited increased total lipid and TAG
levels during heterotrophy, Figure 4 highlights the species
specificity of fatty acid accumulation with respect to lipid chain
length. The discernable differences between the three strains are
Table 1. Growth characteristics of C. protothecoides UTEX
411, C. vulgaris UTEX 265, C. sorokiniana UTEX 1230.
Chlorella Species C. protothecoides C. vulgaris C. sorokiniana
Strain UTEX 411 UTEX 265 UTEX 1230
Specific Growth Rate, m (d21) 0.48±0.01 0.84±0.09 1.77±0.04
0.3260.05 0.2360.01 0.3660.05
Doubling Time (hr) 35±1 20±2 9±1
5264 7263 4663
The major heterotrophic and photoautotrophic growth parameters for each
Chlorella strain were calculated using data points from the exponential phase of
batch culture. Bold values correspond to heterotrophic populations; regular
typeface represents autotrophic rates. All kinetic quantities are reported as the
average of biological replicates 6 standard deviations.
doi:10.1371/journal.pone.0092460.t001
Influence of Light and Sugar on Chlorella Lipids
PLOS ONE | www.plosone.org 5 April 2014 | Volume 9 | Issue 4 | e92460
the ratios of fatty acids accumulated as 16:0, 18:1, and 18:2 as well
as the amount of TAG, which is consistent with Figure 3B. During
both auto– and heterotrophic conditions, UTEX 1230 showed a
relatively even distribution of palmitic (16:0) and linoleic (18:2)
acids, both between 5–10% by dry weight. In contrast, UTEX 265
and 411 produced oleic acid (18:1) as the principal fatty acid,
reaching heterotrophic maxima of 7.5% and 14%, respectively,
with secondary storage lipids of 16:0 and 18:2 each at less than 5%
of the biomass. Furthermore, UTEX 1230 exhibited greater than
2.5-fold enrichment in 18:2 relative to 18:1, which is in direct
opposition with the relative levels of oleic and linoleic acids
prevalent in the other strains. This polyunsaturation in UTEX
1230 may indicate higher activity of lipid desaturases [76],
particularly during heterotrophy [77].
Time-course comparison of lipid production during
hetero– and mixotrophy in UTEX 1230
In order to compare the dynamics of lipid production in C.
sorokiniana UTEX 1230 during hetero– and mixotrophy, cultures
were grown in BBM with glucose (10 g L21) either in the dark or
together with artificial illumination. Separate 8-L bioreactors were
sampled over two weeks for cell density, biomass concentration,
and total gravimetric lipid measurements followed by GC-MS
analysis. Despite the equivalent amounts of initial glucose,
mixotrophic cultures displayed significantly reduced biomass and
lipid yields compared to heterotrophic cultures (Figure 5). During
the first three to five days of cultivation, both populations
expanded at similar specific growth rates; however, clear
differences arose later in cultivation (Figure 5A). While heterotro-
phic growth of UTEX 1230 peaked at 1306106 cells ml21, the
mixotrophic culture plateaued at only 706106 cells ml21, which is
more similar to the UTEX 1230 growth pattern during
photoautotrophy. The respective hetero– and mixotrophic bio-
mass yields of 2 and 1.7 g L21 were more similar than would be
expected from the cell densities (Figure 5B), suggesting a possible
photoinhibitory or pH-induced effect on cell cycle progression
during mixotrophy, which is also reflected in diminished total lipid
content (Figure 5C). Mixotrophic UTEX 1230 biomass contained
31.860.7% total lipids after two weeks compared to 38.760.9%
in the heterotrophic biomass, but experienced a two-fold reduction
Figure 3. Distribution of total lipid extracts as fatty acids and TAG in three Chlorella strains. (A) C. sorokiniana UTEX 1230 exhibits more
prominent chlorosis during heterotrophy than UTEX 265 and 411, which is readily apparent in the pigmentation of total lipid extracts (in color online).
(B) Total lipids (white) in C. protothecoides UTEX 411, C. vulgaris UTEX 265, and C. sorokiniana UTEX 1230 are classified as FAME (gray) and TAG storage
lipids (black). By comparing these values, the relative amounts of supposed accessory metabolites [*] and membrane lipids [+] emerge, while UTEX
1230 appears to be devoid of accessory pigmentation with minimal membrane lipids [6]. Error bars represent one standard deviation from the
average of three technical replicates.
doi:10.1371/journal.pone.0092460.g003
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in TAG accumulation relative to heterotrophy. While mixotrophy
engendered a final TAG content of 11.860.8% in UTEX 1230,
heterotrophy achieved 22.160.7% TAG (Figure 5D), correspond-
ing to volumetric TAG productivities of 18.2 and
28.9 mg L21 d21, respectively.
Progressive induction of polyunsaturated fatty acids in
UTEX 1230 during heterotrophy
Lipid profiles from this time-course evaluation of UTEX 1230
revealed that the kinetics of fatty acid biosynthesis in heterotrophy
are accelerated relative to mixotrophy, especially with regard to
the 16:0–18:1–18:2 triad (Figure 6). Time dependent induction of
unsaturation led to the biogenesis of 18:2 (linoleic acid) from
precursor 18:1 (oleic acid) and persisted in late-stage heterotrophic
cultures (Figure 6A). In this case, both 18:1 and 18:2 showed a
steady increase in the first ten days of heterotrophic culture from
less than 2% of the biomass (,0.5% TAG) to nearly 5% and 8%,
respectively (5–6% TAG). While 18:1 exhibited an insignificant
increase between days ten and thirteen, 18:2 levels reached 10% of
the total dry biomass with 7.7% TAG by the end of heterotrophic
culture. Conversely, Figure 6B illustrates that 18:1 barely exceeded
2% during mixotrophy and 18:2 reached a peak at approximately
5% dry weight. While total 18:1 content remained unchanged
during the final three days of mixotrophic culture, 18:1 TAG levels
actually dropped while 18:2 TAG only increased slightly.
Interestingly, 16:0, 18:1, and 18:2 TAG fractions had higher
initial levels during mixotrophy (closer to 1%), but did not exhibit
the high rates of TAG accumulation that occurred during
heterotrophy and subsisted at less than 4% of the total biomass
by the end of two-week cultivation. Furthermore, the increase in
unsaturated 18:1 and 18:2 in UTEX 1230 may have been
balanced by an enrichment in 16:0 to decrease membrane fluidity
as pH became more acidic during heterotrophy [78].
Discussion and Conclusions
For the production of microalgal oils, the interdependence of
total lipid content, fatty acid composition, and biomass produc-
tivity throughout cultivation is critical [79,80]. Novel approaches
to maximize carbon storage as neutral lipids can lead to significant
benefits for algae biotechnology, biomanufacturing, and bioenergy
[81]. The accumulation of different lipids during heterotrophy and
autotrophy can be especially important for the interrogation of
lipid biosynthetic pathways in commercially relevant Chlorella
species. Toward this end, the current study has revealed distinctive
auto– and heterotrophic capabilities of three phylogenetically
classified Chlorella strains with respect to the trade-offs between oil
content and growth rate.
Molecular phylogeny and genomic resources
While microalgae can be generally classified based on cellular
features [82], species of the same genus are nearly morphologically
identical and can only be definitively differentiated by genotypic
analysis [83,84]. Therefore, the foundation of our species
characterization relied on determining the molecular phylogeny
of the conserved 18S sequence and species-specific ITS regions for
each Chlorella strain [85–87] employing a rapid colony PCR
method [88]. Confirming an organism’s true phylogeny is
important for understanding what adaptive traits have been
collected through natural selection and how they may be useful for
biotechnology. In the course of mapping the branches of the
phylogenetic tree in this study (Figure 1), the occurrence of
mismatched species (e.g., UTEX 29, 252, 2248, 2714) was more
prevalent than anticipated. Indeed, another case of species
misidentification had previously been identified during genome
sequencing of NC64A in tandem with the putative C. vulgaris C-
169 that is resistant to the Chlorella virus [89]. Despite physiological
similarities to C. variabilis, the C-169 strain was actually determined
to be Coccomyxa subellipsoidea by comparative genomics [90,91].
While genetic resources for the Chlorella genus are improving
with genome sequencing projects underway for many common
species [92], the 46-Mb C. variabilis NC64A genome is currently
the only publicly available Chlorella genome [32]. Although
peculiar in its growth habits, this organism holds information
about the genetic-basis of sugar transport in green algae during
symbiosis, which is of particular relevance to the present study
[35]. Sequencing of Chlorella ITS regions fulfills the need to relate
macroscopic growth characteristics of potential production organ-
isms to molecular genetic traits [93]. Thus, the ribosomal ITS-
based phylogenetic tree constructed during the present investiga-
tion can indicate a strain’s proximity to C. variabilis NC64A or
other organisms with available genetic tools. In addition, this map
Figure 4. Fatty acid composition of three Chlorella strains
during auto– and heterotrophy. The distribution of total fatty acids
measured as FAME and TAG are plotted as solid and diagonal bars,
respectively, for C. protothecoides UTEX 411, C. vulgaris UTEX 265, and C.
sorokiniana UTEX 1230. Compared to autotrophy (gray), heterotrophy
(black) induces remarkable changes in FAME and TAG lipid profiles.
Error bars represent the standard deviation from the average of three
biological replicates.
doi:10.1371/journal.pone.0092460.g004
Influence of Light and Sugar on Chlorella Lipids
PLOS ONE | www.plosone.org 7 April 2014 | Volume 9 | Issue 4 | e92460
of phylogeny makes it possible to identify Chlorella isolates with
suitable biomass and lipid productivities that are both close in
genetic relation, yet distinct in physiological characteristics.
Physiological and biochemical survey of three Chlorella
species
While the biomass productivity of Chlorella cultures has been
extensively studied, there remains little consensus between the
research community and commercial endeavors regarding pre-
ferred Chlorella species or growth methodologies to maximize oil
yields. Since C. vulgaris, C. protothecoides, and C. sorokiniana are the
primary organisms used for process development and strain
improvement [94,95], this work focused on representatives of these
species.
In measuring the growth characteristics of C. sorokiniana UTEX
1230, C. vulgaris UTEX 265 and C. protothecoides UTEX 411
(Table 1), UTEX 1230 produced the greatest amount of
heterotrophic biomass (Figure 2) in general agreement with
previous literature supporting the heterotrophic cultivation of
Chlorella [96–100]. However, C. protothecoides UTEX 411 growth
did not compare well with the other Chlorellas during either hetero–
or photoautotrophic modes in our experiments. Compositional
differences in media or the effect of pH stress on cell cycle may
have accounted for this observed growth restriction, cellular
enlargement, and reduced lipid productivity [101]. Compared to
BBM used in this study, prior heterotrophic Chlorella growth media
have sometimes replaced sodium nitrate with glycine and vitamin
B1 [8,102], which implicates a potential vitamin requirement or
preferred nitrogen source for UTEX 411 [80]. However, we
decided to maintain the medium as consistent as possible to limit
environmental factors in this comparison. From a technoeconomic
perspective, we recognize that the most cost-effective sources and
optimal amounts of fixed carbon, nitrogen, and micronutrients
may vary for different Chlorella species. Furthermore, microalgal
strains that can prosper in relatively low nitrogen and carbon
concentrations can be desirable for large-scale biomass production
by reducing overall nutrient costs and lowering the impact of these
resources on bioprocessing costs.
Figure 5. Growth curves, biomass yield, and lipid accumulation of C. sorokiniana UTEX 1230 throughout mixo– and heterotrophy in
8-L bioreactors. (A) Heterotrophic (&) and mixotrophic (X) cell densities are compared to UTEX 1230 grown in BBM without sugar or light (#),
which served as a negative control. (B) The corresponding dry biomass, (C) total lipid content, and (D) total FAME and TAG percentages at days 3, 6,
10, and 13 of mixo– (gray) and heterotrophic (black) cultivation are plotted. FAME and TAG contents for each lipid type are plotted as solid and
diagonal bars, respectively. Error bars represent the standard deviation from the average of three technical replicates.
doi:10.1371/journal.pone.0092460.g006
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Lipid allocation between membranes, metabolism, and
energy storage in Chlorella
One of the main goals of this study was to quantify and compare
the differential apportioning of lipid types in the three Chlorella
strains during auto– and heterotrophy. The divergence in lipid
generation between these algal species was clearly evident from the
distribution of total lipids, total fatty acids measured as FAME,
and TAG neutral lipids. In Figure 3B, heterotrophic C. vulgaris
UTEX 265 exhibited roughly 10% accessory pigments and lipid-
soluble metabolites by dry weight [*], which can serve as high-
value nutritional coproducts (e.g., chlorophylls, carotenoids,
phenols, tocopherols, sterols). This may indicate that the cellular
metabolism of UTEX 265 remains more active than lipid storage
during heterotrophy, as observed previously with C. sorokiniana
strains UTEX 2714 and CS-01 as well as Chlamydomonas reinhardtii
[56,103]. In a complementary case, C. protothecoides UTEX 411
produced approximately 10% membrane lipids during heterotro-
phy [+] (e.g., phospho-, galacto-, and sulpholipids). In addition to
these detractions from TAG accumulation due to the competing
cellular demand for lipid metabolites and membrane structures,
both UTEX 265 and 411 exhibited less vigorous heterotrophic
growth capacities (Figure 2A). Alternatively, C. sorokiniana UTEX
1230 benefited from rapid heterotrophic growth and contained
24% total lipids with close to 90% of these total lipids allocated as
TAG [6] (Figure 3B). With energy stores accounting for the
majority of UTEX 1230 total lipids, this leaves a limited amount of
fatty acids available for membranes during heterotrophy, which
may arise from a substantial reduction in the number of
chloroplast and thylakoid membranes. Combined with the higher
cell densities supported during heterotrophy, UTEX 1230
displayed a 3.8-fold increase in lipids per liter at the end of batch
culture relative to autotrophy with an abrupt shift from non-fatty
acid lipid production to TAG storage. The increase in pH during
autotrophy may be primarily responsible for TAG accumulation
due to cell cycle arrest [74]. Alternatively, during heterotrophic
cultivation with minor changes in pH, the ultimate lipid yields of
UTEX 1230 increased from 0.14 to 0.53 g L21 perhaps due to the
up-regulation of stearoyl-ACP desaturase in the presence of
glucose, leading to an abundance of 18:1 precursor fatty acid [77].
Further mixo– and heterotrophic bioreactor optimization at the
8-L scale enabled UTEX 1230 to accumulate 30–40% of its cell
mass as lipids, possibly as a result of increased mixing and
enhanced gas exchange. Additionally, nutrient utilization trends in
previous Chlorella studies using BBM demonstrate that nitrate and
nitrite levels were reduced to 5–10% of their initial concentrations,
indicating that BBM may not be completely deprived of nitrogen
at stationary phase [56,103]. This residual nitrogen may,
therefore, sustain the presence of chlorophyll and basal metabolic
activity. Furthermore, TAG storage in Chlorella can exhibit
differential responses to reduced nitrogen levels compared to
other algae. While C. reinhardtii may require complete nitrogen
depletion to induce TAG accumulation [104], Chlorella species can
store moderate amounts of TAG in nitrogen replete media. This
connection between nutrient limitation, cell growth, and lipid
biosynthesis offers additional insight into Chlorella metabolism.
Bioenergetics of mixo– and heterotrophic growth and its
effect on fatty acid distribution
Considering that the breakdown of sugar by glycolysis may take
precedence over carbon dioxide utilization through photosynthesis
[72], our study of C. sorokiniana UTEX 1230 indeed found no
apparent metabolic benefit from light input in addition to glucose.
Furthermore, this strain appeared to be potentially maladapted for
oil accumulation during mixotrophy. Restricted mixotrophic
growth suggests that glucose uptake may be inhibited by light or
the energy balance of mixotrophic cells is unfavorably altered
(Figure 5A). In extreme cases, pH can also negatively affect sugar
uptake via the hexose-proton symporter, although the pH drift
encountered in the present study fell within the optimal range for
glucose uptake by Chlorella (Figure S2) [105]. Interestingly,
incongruencies between biomass and cell density in mixo– and
heterotrophic comparisons (Figure 5B) also suggest that mixo-
trophic cells may be larger due to the simultaneous activity of
glycolytic lipid accumulation in storage vesicles and photosynthetic
carbon fixation, which requires multiple chloroplasts. While these
findings contradict a recent report of high mixotrophic produc-
tivities from a different C. sorokiniana strain, this discrepancy simply
highlights the strain-specific metabolic portraits drawn for different
Chlorella isolates under investigation [106]. Previous studies have
indeed found evidence for the inhibition of organic carbon uptake
by other Chlorellas in the presence of light [107,108]. In addition, a
recent evaluation of C. sorokiniana CS-01 (closely related to UTEX
1230) revealed that cytosolic acetyl-coA carboxylase (ACCase) is
overexpressed compared to chloroplast ACCase during mixotro-
phy, suggesting that fatty acid precursors contributing to TAG
synthesis are derived from glycolysis of exogenous sugars rather
than photosynthetically fixed carbon [72]. This underscores the
importance of understanding the bifurcation of carbon utilization
during these potentially competing modes of growth.
From the distribution of lipid classes under heterotrophic
conditions, it is clear that TAG can constitute a significant portion
Figure 6. Comparison of total fatty acid and TAG composition
of UTEX 1230 during mixo– and heterotrophic cultivation. The
discrete lipid profiles of C. sorokiniana UTEX 1230 under (A)
heterotrophic and (B) mixotrophic conditions from samples taken on
days 3, 6, 10 and 13 of cultivation show fatty acid accumulation rates
and patterns. Total FAME and TAG contents for each lipid type are
plotted as solid and diagonal bars, respectively. Error bars represent the
standard deviation from the average of three biological replicates.
doi:10.1371/journal.pone.0092460.g005
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of lipids in all three of these Chlorella strains with 18:1 and 18:2 as
the primary fatty acids, which are more suitable for biofuel
applications than polyunsaturated lipids. From a bioenergetics
standpoint, more cellular energy is expended to generate
polyunsaturated fatty acids compared to saturated lipids. Since
oxidation also has a negative impact on fuel stability, unsaturated
lipids must be catalytically hydrogenated prior to fuel blending,
which requires additional capital and operating expenses. While
the absence of long-chain polyunsaturated fatty acids is not
uncommon in Chlorella species [109], all strains in the present study
exhibited surprisingly low levels of 18:3 (linolenic acid). Other
studies have demonstrated that UTEX 1230 is capable of 18:3
biosynthesis under autotrophic conditions with nitrogen depriva-
tion [103,110] and anaerobic digester effluent [56]. In contrast,
UTEX 1230 can accumulate higher levels of 18:1 when
supplemented with 3% carbon dioxide (unpublished data).
As a whole, these results support the Chlorella genus as a vital
source of commercially relevant production organisms with unique
lipid metabolic properties, which can vary significantly depending
on the presence or absence of sugars and light. While glucose was
used in these controlled growth studies, low-cost organic carbon
sources are likely to be required for commodity scale biofuel
production [56–58,111]. This study’s phylogenetic and physiolog-
ical characterizations of C. vulgaris UTEX 265, C. protothecoides
UTEX 411, and C. sorokiniana UTEX 1230 offer insight into the
diverse carbon partitioning strategies even within a single genus. In
one exemplary case, C. sorokiniana UTEX 1230 may serve as a
versatile model organism for photosynthetic carbon utilization and
heterotrophic lipid biosynthesis with implications for bioenergy
and bioprocessing.
Materials and Methods
Microalgal cultivation
Stock samples of microalgal strains were obtained from the
Culture Collection of Algae at University of Texas at Austin
(http://web.biosci.utexas.edu/utex/) and maintained on sterile
agar plates (1.5% w:v) containing Bold’s basal medium (BBM)
[112]. Cells were cultivated in 1.5-L glass Fernbach flasks or 8-L
glass Bellco bioreactors (New Jersey, USA) at 27uC (61) using
BBM. Each axenic batch culture was inoculated with exponen-
tially growing cells at a density of 16106 cells ml21, constantly
stirred, and bubbled with sterile air and monitored with a
calibrated M240 digital pH meter (Corning, Inc., New York,
USA). Photoautotrophic cultures were illuminated with cool-white
fluorescent light at an intensity of 100 mE m22 s21. Heterotrophic
and mixotrophic cultures were supplemented with glucose at a
concentration of 10 g L21. While heterotrophic cultures were
grown in complete darkness, mixotrophic cultures were grown
with a light intensity of 100 mE m22 s21. Cell densities were
measured by hemocytometer with an Axiovert 100 inverted light
microscope (Carl Zeiss, Go¨ttingen, Germany). Measurements
were taken in duplicate and experiments were repeated at least
three times. Liquid cultures were harvested using a high-speed
centrifuge (Sorvall RC-5B, Delaware, USA) at 6,0006 g for
20 minutes.
Species identification by genetic sequencing and
phylogeny
Species-specific genetic fingerprints were determined by se-
quencing the internal transcribed spacer (ITS) regions of
ribosomal DNA [85–87]. Nucleic acids were extracted from
clonal algal populations using a 5% Chelex-100 solution as
described previously [88]. After boiling at 100uC for 15 minutes,
samples were centrifuged at 16,0006 g for 2 minutes and DNA
recovery was quantified using a NanoDrop 2000 spectrophotom-
eter (Thermo Fisher Scientific, Delaware, USA). The primer pair
designed for this study (59-ACTCCGCCGGCACCTTATGAG-
39; 59-CCGGTTCGCTCGCCGTTACTA-39) was used to am-
plify the ITS regions with the Top Taq Master Mix Kit (Qiagen,
California, USA) according to the manufacturer’s protocol
employing thermocycler conditions with an initial melting at
95uC for 2 minutes, followed by 35 cycles of [94uC for 30 sec,
60uC for 30 sec, 72uC for 2 min] and a final elongation at 72uC
for 10 minutes. Amplified fragments were separated by electro-
phoresis on an acrylamide (1% w:v) tris-borate-EDTA gel.
Molecular weights were determined with a GeneRuler 1 kb Plus
DNA Ladder (Fermentas, Delaware, USA) and ultimately purified
using the GenCatchTM PCR Extraction Kit (Epoch). The resulting
nucleotide sequences of 18S ITS regions (Eurofins MWG Operon,
Ebersberg, Germany) can be found as annotated entries in the
GenBank database (http://www.ncbi.nlm.nih.gov/genbank/) and
were aligned using version five of the Molecular Evolutionary
Genetics Analysis (MEGA) software suite employing the MUS-
CLE alignment feature and neighbor joining method to produce
phylogenetic trees [113].
Measurement of algal biomass dry weight and total lipid
content
In order to measure dry biomass yield, algal cultures were
harvested as described previously, dried overnight in a vacuum
oven at 60uC (Precision Scientific Model 5831, NAPCO, Virginia,
USA) and weighed in triplicate. For total lipid extraction, washed
cell pellets were freeze-dried with a lyophilizer (Model 25 SRC,
Virtis, New York, USA) to preserve the integrity of fatty acids and
homogenized with a mortar and pestle in liquid nitrogen. For each
sample, 100 mg of homogenized biomass was extracted in 6 ml of
1:2 (v:v) chloroform:methanol containing 0.01% butylhydroxylto-
luene and 500 mg of tripentadecanoin (15:0 TAG, Nu-Check Prep,
Minnesota, USA) was added as an internal standard [114]. To the
6 ml total extraction volume, 1 ml of 0.7 mm diameter zirconia
beads (BioSpec Products, Oklahoma, USA) was added and
vortexed at room temperature for 30 minutes. After centrifugation
at 1,5006g for 5 minutes, the chloroform phase was collected and
the water phase was re-extracted using 5 ml of chloroform; the re-
extraction was repeated three times. The pooled chloroform
phases were evaporated to dryness under a stream of nitrogen. To
confirm the methodological validity of manual oil separation
[115], total lipid extractions were performed in parallel using an
automated Accelerated Solvent Extraction 150 system, which
employs elevated temperature and pressure (120uC, 1,500 psi, 4
reflux cycles) to accomplish rigorous oil separation and is generally
recognized as the most effective oil extraction equipment (Dionex,
Thermo Fischer, Delaware, USA) [116,117]. The closely compa-
rable total lipid contents of manual and automated extractions
were determined in triplicate by gravimetric methods.
Fatty acid methyl ester (FAME) analysis
Extracted lipids were transmethylated to FAME as previously
described [15] and TAG separation was accomplished by thin
layer chromatography. FAME was analyzed using an Agilent 6890
Series Gas Chromatography System with an Agilent 5973
Network Mass Selective Detector (Agilent Technologies, Dela-
ware, USA). Chromatography was carried out using a
200 m6250 mm60.25 mm Varian GC capillary column (Varian
Inc., California, USA) with the inlet held at 270uC while 1 ml of
the sample was injected using helium as the carrier gas. The oven
temperature was programmed for 130uC (10 min) to 160uC
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(7 min); 160uC to 190uC (7 min), from 190uC to 220uC (22 min)
and from 220uC to 250uC (17 min) at a rate of 10uC min21 for each
step. The total analysis time was 75 minutes using 70 eV electron
impact ionization and data was evaluated with total ion count.
Relative lipid content analysis in situ by Nile Red
fluorescence
Nile Red (AnaSpec, Inc., California, USA) was dissolved in
acetone to yield a 2506stock solution following previous protocols
[73]. For each Chlorella sample, 10 ml of Nile Red stock was mixed
with 2.5 ml of algal culture diluted to 46107 cells ml21 in a glass
fluorometer cuvette (Starna Cells, Inc., California, USA). A PTI
spectrofluorometer (Photon Technology International, Inc., New
Jersey, USA) comprised of the SC-500 Shutter Control, MD-5020
Motor Driver, LPS-220B Lamp Power Supply, and 814 Photo-
multiplier Detection System was used to excite samples at 486 nm
and collect fluorescent emission spectra over a 500–660 nm range
using the accompanying PTI FeliX32 software.
Supporting Information
Figure S1 Nile Red fluorescent emission curves of C.
sorokiniana UTEX 1230. The shifts in emission peaks from
UTEX 1230 cultivated under (A) autotrophic and (B) heterotro-
phic conditions implicate more significant lipid accumulation
during heterotrophy.
(TIFF)
Figure S2 Change in media pH during auto– and
heterotrophic growth of C. sorokiniana. The pH of auto–
(%) and heterotrophic (&) UTEX 1230 cultures was monitored
during exponential growth and remained stable throughout
stationary phase. The resulting pH curves demonstrate the
interdependence of cell metabolism and the surrounding environ-
ment. The standard deviation for each data point is less than 0.5
pH unit (error bars not visible).
(TIFF)
Acknowledgments
The authors thank Adithya Balasubramanian and Gunjan Andlay at
Synaptic Research for their assistance with sample preparation and
appreciate the fruitful discussions with Dr. Marc Donohue, Mr. Thomas
Fekete, Dr. Minxi Wan, and Dr. Scott Williams at Johns Hopkins
University. The authors also wish to thank Drs. Paul N. Black and
Concetta C. DiRusso and members of their laboratories at the University
of Nebraska-Lincoln for assistance with lipid preparation and analyses
using GC-MS.
Author Contributions
Conceived and designed the experiments: JNR NK GAO. Performed the
experiments: JNR NK AB EAN. Analyzed the data: JNR NK GAO MJB.
Contributed reagents/materials/analysis tools: GAO MJB. Wrote the
paper: JNR NK GAO MJB.
References
1. Blankenship RE, Tiede DM, Barber J, Brudvig GW, Fleming G, et al. (2011)
Comparing photosynthetic and photovoltaic efficiencies and recognizing the
potential for improvement. Science 332: 805–809.
2. Zhu X-G, Long SP, Ort DR (2008) What is the maximum efficiency with
which photosynthesis can convert solar energy into biomass? Curr Opin
Biotech 19: 153–159.
3. Bumbak F, Cook S, Zachleder V, Hauser S, Kovar K (2011) Best practices in
heterotrophic high-cell-density microalgal processes: achievements, potential
and possible limitations. Appl Microbiol Biot 91: 31–46.
4. Senanayake SPJN, Ahmed N, Fichtali J (2010) Chapter 37. Nutraceuticals and
Bioactives from Marine Algae. In: C . Alasavar, F . Shahidi, K . Miyashita and
U . Wanasundara, editors. Handbook of Seafood Quality, Safety and Health
Applications. Oxford, UK: Blackwell Publishing Ltd. pp. 455–462.
5. Patnaik S, Samocha TM, Davis DA, Bullis RA, Browdy CL (2006) The use of
HUFA-rich algal meals in diets for Litopenaeus vannamei. Aquacult Nutr 12: 395–
401.
6. Davis R, Fishman D, Frank ED, Wigmosta MS, Aden A, et al. (2012)
Renewable Diesel from Algal Lipids: An Integrated Baseline for Cost,
Emissions, and Resource Potential from a Harmonized Model. Technical
Report Numbers: ANL/ESD/12-4; NREL/TP-5100-55431; PNNL-21437.
Argonne, IL: Argonne National Laboratory; Golden, CO: National Renewable
Energy Laboratory; Richland, WA: Pacific Northwest National Laboratory.
7. Schenk PM, Thomas-Hall SR, Stephens E, Marx UC, Mussgnug JH, et al.
(2008) Second generation biofuels: high-efficiency microalgae for biodiesel
production. Bioenerg Res 1: 20–43.
8. Wu Q, Miao X (2006) Biodiesel production from heterotrophic microalgal oil.
Bioresource Technol 97: 841–846.
9. Li X, Xu H, Wu Q (2007) Large-scale biodiesel production from microalga
Chlorella protothecoides through heterotrophic cultivation in bioreactors. Biotech-
nol Bioeng 98: 764–771.
10. Harwood JL, Guschina IA (2009) The versatility of algae and their lipid
metabolism. Biochimie 91: 679–684.
11. Niederholtmeyer H, Wolfstadter BT, Savage DF, Silver PA, Way JC (2010)
Engineering cyanobacteria to synthesize and export hydrophilic products. Appl
Environ Microb 76: 3462–3466.
12. National Research Council (2012) Sustainable Development of Algal Biofuels
in the United States. In: L.G . Coplin, editor. Washington DC: The National
Academies Press. Available: http://www.nap.edu/catalog.php?record_
id = 13437. Accessed 2012 Oct 25.
13. Vasudevan V, Stratton RW, Pearlson MN, Jersey GR, Beyene AG, et al. (2012)
Environmental performance of algal biofuel technology options. Environ Sci
Technol 46: 2451–2459.
14. Converti A, Casazza AA, Ortiz EY, Perego P, Borghi MD (2009) Effect of
temperature and nitrogen concentration on the growth and lipid content of
Nannochloropsis oculata and Chlorella vulgaris for biodiesel production. Chem Eng
Process 48: 1146–1151.
15. Msanne J, Xu D, Konda AR, Casas-Mollano JA, Awada T, et al. (2011)
Metabolic and gene expression changes triggered by nitrogen deprivation in the
photoautotrophically grown microalgae Chlamydomonas reinhardtii and Coccomyxa
sp. C-169. Phytochemistry 75: 50–59.
16. Sheehan J, Dunahay T, Benemann J, Roessler P (1998) A Look Back at the
U.S. Department of Energy’s Aquatic Species Program: Biodiesel from
Microalgae. Report Number: TP-580-24190. Golden, Colorado: National
Renewable Energy Lab.
17. Stephenson AL, Dennis JS, Howe CJ, Scott SA, Smith AG (2010) Influence of
nitrogen-limitation regime on the production by Chlorella vulgaris of lipids for
biodiesel feedstocks. Biofuels 1: 47–58.
18. Spoehr HA, Milner HW (1949) The chemical composition of Chlorella; effect of
environmental conditions. Plant Physiol 24: 120–149.
19. Perez-Garcia O, Escalante FME, de-Bashan LE, Bashan Y (2011) Heterotro-
phic cultures of microalgae: metabolism and potential products. Water Res 45:
11–36.
20. Samejima H, Meyers J (1958) On the heterotrophic growth of Chlorella
pyrenoidosa. J Gen Microbiol 18: 107–117.
21. Xiong W, Liu L, Wu C, Yang C, Wu Q (2010) 13C-tracer and gas
chromatography-mass spectrometry analyses reveal metabolic flux distribution
in the oleaginous microalga Chlorella protothecoides. Plant Physiol 154: 1001–
1011.
22. Fan J, Huang J, Li Y, Han F, Wang J, et al. (2012) Sequential heterotrophy-
dilution-photoinduction cultivation for efficient microalgal biomass and lipid
production. Bioresource Technol 112: 206–211.
23. Zheng Y, Chi Z, Lucker B, Chen S (2012) Two-stage heterotrophic and
phototrophic culture strategy for algal biomass and lipid production.
Bioresource Technol 103: 484–488.
24. Lee Y-K (2006) Ch. 7 Algal Nutrition: Heterotrophic Carbon Nutrition. In: A .
Richmond, editor. Handbook of Microalgal Culture: Biotechnology and
Applied Phycology. Oxford, UK: Backwell Science Ltd. pp. 116–124.
25. Wan M-X, Wang R-M, Xia J-L, Rosenberg JN, Nie Z-Y, et al. (2012)
Physiological evaluation of a new Chlorella sorokiniana isolate for its biomass
production and lipid accumulation in photoautotrophic and heterotrophic
cultures. Biotechnol Bioeng 109: 1958–1964.
26. Kiron V, Phromkunthong W, Huntley M, Archibald I, Scheemaker GD (2012)
Marine microalgae from biorefinery as a potential feed protein source for
Atlantic salmon, common carp and whiteleg shrimp. Aquacult Nutr 18: 521–
531.
27. Tredici MR, Biondi N, Ponis E, Rodolfi L (2009) Chapter 20: Advances in
microalgal culture for aquaculture feed and other uses. In: G . Burnell, G .
Allan, editors. New technologies in aquaculture production efficiency, quality
and environmental management. Boca Raton, FL: CRC Press. pp. 610–676.
Influence of Light and Sugar on Chlorella Lipids
PLOS ONE | www.plosone.org 11 April 2014 | Volume 9 | Issue 4 | e92460
28. Gouveia L, Batista AP, Sousa, Raymundo A, Bandarra NM (2008) Microalgae
in novel food products. In: N . Konstantinos, P.P . Papadopoulos, editors. Food
Chemistry Research Developments. New York, NY: Nova Science Publishers.
29. Warburg O, Negelein E (1920) Uber die Reduktion der Salpetersaure in
griinen Zellen. Biochem Z 110: 66–115.
30. Kessler E (1976) Comparative physiology, biochemistry, and the taxonomy of
Chlorella (Chlorophyceae). Plant Syst Evol 125: 129–138.
31. Burlew JS (1953) Algal Culture from Laboratory to Pilot Plant. Washington
DC: Carnegie Institution of Washington.
32. Blanc G, Duncan G, Agarkova I, Borodovsky M, Gurnon J, et al. (2010) The
Chlorella variabilis NC64A genome reveals adaptation to photosymbiosis,
coevolution with viruses, and cryptic sex. Plant Cell 22: 2943–2955.
33. McAuley PJ (1986) Glucose uptake by symbiotic Chlorella in the green-hydra
symbiosis. Planta 168: 523–529.
34. Muscatine L, Karakashian SJ, Karakashian MW (1967) Soluble extracellular
products of algae symbiotic with a ciliate, a sponge, and a mutant hydra. Comp
Biochem Physiol 20: 1–12.
35. Ziesenisz E, Reisser W, Wiessner W (1981) Evidence of de novo synthesis of
maltose excreted by the endosymbiotic Chlorella from Paramecium bursaria. Planta
153: 481–485.
36. Dunigan DD, Cerny RL, Bauman AT, Roach JC, Lane LC, et al. (2012)
Paramecium bursaria Chlorella virus 1 proteome reveals novel architectural and
regulatory features of a giant virus. J Virol 86: 8821–8834.
37. Van Etten JL (2003) Unusual life style of Chlorella viruses. Annu Rev Genet 37:
153–195.
38. Yamada T, Onimatsu H, Van Etten JL (2006) Chlorella viruses. Adv Virus Res
66: 293–336.
39. Shi X, Wu Z, Chen F (2006) Kinetic modeling of lutein production by
heterotrophic Chlorella at various pH and temperatures. Mol Nutr Food Res 50:
763–768.
40. Shi X-M, Zhang X-W, Chen F (2000) Heterotrophic production of biomass
and lutein by Chlorella protothecoides on various nitrogen sources. Enzyme Microb
Technol 27: 312–318.
41. Ip P-F, Chen F (2005) Production of astaxanthin by the green microalga
Chlorella zofingiensis in the dark. Process Biochem 40: 733–738.
42. Sun N, Wang Y, Li Y-T, Huang J-C, Chen F (2008) Sugar-based growth,
astaxanthin accumulation and carotenogenic transcription of heterotrophic
Chlorella zofingiensis (Chlorophyta). Process Biochem 43: 1288–1292.
43. Feng P, Deng Z, Fan L, Hu Z (2012) Lipid accumulation and growth
characteristics of Chlorella zofingiensis under different nitrate and phosphate
concentrations. J Biosci Bioeng 114: 405–410.
44. Matsukawa R, Hotta M, Masuda Y, Chihara M, Karube I (2000) Antioxidants
from carbon dioxide fixing Chlorella sorokiniana. J Appl Phycol 12: 263–267.
45. Guarnieri MT, Nag A, Smolinski SL, Darzins A, Seibert M, et al. (2011)
Examination of triacylglycerol biosynthetic pathways via de novo transcriptomic
and proteomic analyses in an unsequenced microalga. PLoS ONE (6:10):
e25851.
46. Wan M, Faruq J, Rosenberg JN, Xia J, Oyler GA, et al. (2012) Achieving high
throughput sequencing of cDNA library utilizing an alternative protocol for the
bench top next-generation sequencing system. J Microbiol Meth 92: 122–126.
47. Fan J, Cui Y, Huang J, Wang W, Yin W, et al. (2012) Suppression subtractive
hybridization reveals transcript profiling of Chlorella under heterotrophy to
photoautotrophy transition. PLoS ONE 7: e50414.
48. Takeda H (1988) Classification of Chlorella strains by cell wall sugar
composition. Phytochemistry 27: 3823–3826.
49. Banskota AH, Stefanova R, Gallant P, Osbornw JA, Melanson R, et al. (2013)
Nitric oxide inhibitory activity of monogalactosylmonoacylglycerols from a
freshwater microalgae Chlorella sorokiniana. Nat Prod Res 27: 1028–1031.
50. Kodner RB, Summons RE, Knoll AH (2009) Phylogenetic investigation of the
aliphatic, nonhydrolyzable biopolymer algaenan, with a focus on green algae.
Org Geochem 40: 854–862.
51. Brand JJ, Wright JN, Lien S (1989) Hydrogen production by eukaryotic algae.
Biotechnol Bioeng 33: 1482–1488.
52. Komor E, Cho B-H, Kraus M (1988) The occurrence of the glucose-inducible
transport systems for glucose, proline, and arginine in different species of
Chlorella. Biotanica Acta 101: 321–326.
53. Lee YK, Ding SY, Hoe CH, Low CS (1996) Mixotrophic growth of Chlorella
sorokiniana in outdoor enclosed photobioreactor. J Appl Phycol 8: 163–169.
54. Running JA, Huss RJ, Olson PT (1996) Heterotrophic production of ascorbic
acid by microalgae. J Appl Phycol 6: 99–104.
55. Jeong ML, Gillis JM, Hwang J-Y (2003) Carbon dioxide mitigation by
microalgal photosynthesis. Bull Korean Chem Soc 24: 1763–1766.
56. Kobayashi N, Noel EA, Barnes A, Watson A, Rosenberg JN, et al. (2013)
Characterization of Chlorella sorokiniana strains in anaerobic digested effluent
from cattle manure. Bioresource Technol 150: 377–386.
57. Li Y, Zhou W, Hu B, Min M, Chen P, et al. (2011) Integration of algae
cultivation as biodiesel production feedstock with municipal wastewater
treatment: Strains screening and significance evaluation of environmental
factors. Bioresource Technol 102: 10861–10867.
58. Polakovicˇova´ G, Kusˇnı´r P, Nagyova´ S, Mikulec J (2012) Process integration of
algae production and anaerobic digestion. Chem Eng Trans 29: 1129–1134.
59. Sorokin C, Meyers J (1953) A high-temperature strain of Chlorella. Science 117:
330–331.
60. Fahey R, Buschbacher R, Newton G (1987) The evolution of glutathione
metabolism in phototrophic microorganisms. J Mol Evol 25: 81–88.
61. Haehnel W, Nairn JA, Reisberg P, Sauer K (1982) Picosecond fluorescence
kinetics and energy transfer in chloroplasts and algae. Biochim Biophys Acta
680: 161–173.
62. Rosen BH, Berliner MD, Petro MJ (1985) Protoplast induction in C. pyrenoidosa.
Plant Sci 41: 23–30.
63. Sakai N, Sakamoto Y, Kishimoto N, Chihara M, Karube I (1995) Chlorella
strains from hot springs tolerant to high temperature and high CO2. Energ
Convers Manage 36: 693–696.
64. Zelibor JL, Romankiw L, Hatcher PG, Colwell RR (1988) Comparative
analysis of the chemical composition of mixed and pure cultures of green algae
and their decomposed residues by 13C nuclear magnetic resonance spectros-
copy. Appl Environ Microb 54: 1051–1060.
65. Tanaka K, Tomita Y, Tsuruta M, Konishi F, Okuda M, et al. (1990) Oral
administration of Chlorella vulgaris augments concomitant antitumor immunity.
Immunopharmacol Immunotoxicol 12: 277–291.
66. Wakasugi T, Nagai T, Kapoor M, Sugita M, Ito M, et al. (1997) Complete
nucleotide sequence of the chloroplast genome from the green alga Chlorella
vulgaris: the existence of genes possibly involved in chloroplast division. Proc
Natl Acad Sci USA 94: 5967–5972.
67. Meyer JR, Ellner SP, Hairston NG, Jones LE, Yoshida T (2006) Prey evolution
on the time scale of predator–prey dynamics revealed by allele-specific
quantitative PCR. Proc Natl Acad Sci USA 103: 10690–10695.
68. Yong-Ha P, Seonggi Y, Mi P, Hoon MS (1997) Livestock waste handling and a
high degree of functional biological fertilizer. In: O. . Huimok, editor: Korean
Institute of Science and Technology: Biotechnology Institute. Available:
http://attfile.konetic.or.kr/konetic/xml/use/31A1D0205268.pdf. Accessed
2014 Mar 1.
69. Guarnieri MT, Nag A, Yang S, Pienkos PT (2013) Proteomic analysis of
Chlorella vulgaris: Potential targets for enhanced lipid accumulation. J Proteomics
93: 245–253.
70. Dillon HF, Day AG, Trimbur DE, Im C-S, Franklin S, et al. (2009) Sucrose
feedstock utilization for oil-based fuel manufacturing. Patent Number:
US8476059. Solazyme, Inc.
71. Dillon HF, Day AG, Trimbur DE, Im C-S, Franklin S, et al. (2009) Glycerol
feedstock utilization for oil-based fuel manufacturing. Patent Application
Number: US12/194,389. Solazyme, Inc.
72. Wan M, Li P, Xia J, Rosenberg JN, Oyler GA, et al. (2011) The effect of
mixotrophy on microalgal growth, lipid content, and expression levels of three
pathway genes in Chlorella sorokiniana. Appl Microbiol Biot 91: 835–844.
73. Cooksey KE, Guckert JB, Williams SA, Calli PR (1987) Fluorometric
determination of the neutral lipid content of microalgal cells using Nile Red.
J Microbiol Meth 6: 333–345.
74. Guckert JB, Cooksey KE (1990) Triglyceride accumulation and fatty acid
profile changes in Chlorella (Chlorophyta) during high pH-induced cell cycle
inhibition. J Phycol 26: 72–79.
75. Hu Q, Sommerfeld M, Jarvis E, Ghirardi M, Posewitz M, et al. (2008)
Microalgal triacylglycerols as feedstocks for biofuel production: perspectives
and advances. Plant J 54: 621–639.
76. Nguyen HM, Cuine´ S, Beyly-Adriano A, Le´geret B, Billon E, et al. (2013) The
green microalga Chlamydomonas reinhardtii has a single v-3 fatty acid desaturase
which localizes to the chloroplast and impacts both plastidic and extraplastidic
membrane lipids. Plant Physiol 113: 223941.
77. Liu J, Sun Z, Zhong Y, Huang J, Hu Q, et al. (2012) Stearoyl-acyl carrier
protein desaturase gene from the oleaginous microalga Chlorella zofingiensis:
cloning, characterization and transcriptional analysis. Planta 236: 1665–1676.
78. Poerschmann J, Spijkerman E, Langer U (2004) Fatty acid patterns in
Chlamydomonas sp. as a marker for nutritional regimes and temperature under
extremely acidic conditions. Microb Ecol 48: 78–89.
79. Stephens E, Ross IL, King Z, Mussgnug JH, Kruse O, et al. (2010) An
economic and technical evaluation of microalgal biofuels. Nat Biotechnol 28:
126–128.
80. Rogers JN, Rosenberg JN, Guzman BJ, Oh VH, Mimbela LE, et al. (2014) A
critical analysis of paddlewheel-driven raceway ponds for algal biofuel
production at commercial scales. Algal Res In press.
81. Fan J, Yan C, Zhang X, Xu C (2013) Dual role for phospholipid:diacylglycerol
acyltransferase: enhancing fatty acid synthesis and diverting fatty acids from
membrane lipids to triacylglycerol in Arabidopsis leaves. Plant Cell Online advance.
82. Prescott GW (1954) How to know the fresh-water algae. Dubuque, IA: C.
Brown Company.
83. Bock C, Krienitz L, Pro¨schold T (2011) Taxonomic reassessment of the genus
Chlorella (Trebouxiophyceae) using molecular signatures (barcodes), including
description of seven new species. Fottea 11: 293–312.
84. Luo W, Flugmacher SP, Pro¨schold N, Walz N, Krienitz L (2006) Genotype
versus phenotype variability in Chlorella and Micractinium (Chlorophyta,
Trebouxiophyceae). Protist 157: 315–333.
85. An SS, Friedl T, Hegewald E (1999) Phylogenetic relationships of Scenedesmus
and Scenedesmus-like coccoid green algae as inferred from ITS-2 rDNA sequence
comparisons. Plant Biol 1: 418–428.
86. Hoshina R, Iwataki M, Imamura N (2010) Chlorella variabilis and Micractinium
reisseri sp. nov. (Chlorellaceae, Trebouxiophyceae): Redescription of the
endosymbiotic green algae of Paramecium bursaria (Peniculia, Oligohymeno-
phorea) in the 120th year. Phycol Res 58: 188–201.
Influence of Light and Sugar on Chlorella Lipids
PLOS ONE | www.plosone.org 12 April 2014 | Volume 9 | Issue 4 | e92460
87. Huss VAR, Frank C, Hartmann EC, Hirmer M, Kloboucek A, et al. (1999)
Biochemical taxonomy and molecular phylogeny of the genus Chlorella sensu
lato (Chlorophyta). J Phycol 35: 587–598.
88. Wan M, Rosenberg JN, Faruq J, Betenbaugh MJ, Xia J (2011) An improved
colony PCR procedure for genetic screening of Chlorella and related microalgae.
Biotechnol Lett 33: 1615–1619.
89. Noutoshi Y, Ito Y, Kanetani S, Fujie M, Usami S, et al. (1998) Molecular
anatomy of a small chromosome in the green alga Chlorella vulgaris. Nucleic
Acids Res 26: 3900–3907.
90. Blanc G, Agarkova I, Grinwood J, Kuo A, Brueggeman A, et al. (2012) The
genome of the polar eukaryotic microalga Coccomyxa subellipsoidea reveals traits of
cold adaptation. Genome Biol 13: R39.
91. Joint Genome Institute (2011) Coccomyxa subellipsoidea C-169 v2.0. U.S.
Department of Energy. Available: http://genome.jgi.doe.gov/Coc_C169_1.
Accessed 2013 Nov 28.
92. Tirichine L, Bowler C (2011) Decoding algal genomes: tracing back the history
of photosynthetic life on Earth. Plant J 66: 45–67.
93. Rosenberg JN, Oyler GA, Wilkinson L, Betenbaugh MJ (2008) A green light
for engineered algae: redirecting metabolism to fuel a biotechnology revolution.
Curr Opin Biotech 19: 430–436.
94. Campenni L, Nobre BP, Santos CA, Oliveira AC, Aires-Barros MR, et al.
(2013) Carotenoid and lipid production by the autotrophic microalga Chlorella
protothecoides under nutritional, salinity, and luminosity stress conditions. Appl
Microbiol Biot 97: 1383–1393.
95. He PJ, Mao B, Shen CM, Shao LM, Lee DJ, et al. (2013) Cultivation of
Chlorella vulgaris on wastewater that contains high levels of ammonia for
biodiesel production. Bioresource Technol 129: 177–181.
96. Heredia-Arroyo T, Wei W, Hu B (2010) Oil accumulation via heterotrophic/
mixotrophic Chlorella protothecoides. Appl Biochem Biotechnol 162: 1978–1995.
97. Liu ZY, Wang GC, Zhou BC (2008) Effect of iron on growth and lipid
accumulation in Chlorella vulgaris. Bioresource Technol 99: 4717–4722.
98. Lu S, Wang J, Niu Y, Yang J, Zhou J, et al. (2012) Metabolic profiling reveals
growth related FAME productivity and quality of Chlorella sorokiniana with
different inoculum sizes. Biotechnol Bioeng 109: 1651–1662.
99. Santos CA, Ferreira ME, de Silva TL, Gouveia L, Novais JM, et al. (2011) A
symbiotic gas exchange between bioreactors enhances microalgal biomass and
lipid productivities: taking advantage of complementary nutritional modes.
J Ind Microbiol Biotechnol 38: 909–917.
100. Vigeolas H, Duby F, Kaymak E, Niessen G, Motte P, et al. (2012) Isolation and
partial characterization of mutants with elevated lipid content in Chlorella
sorokiniana and Scenedesmus obliquus. J Biotechnol 162: 3–12.
101. Shen Y, Yuan W, Pei Z, Mao E (2010) Heterotrophic culture of Chlorella
protothecoides in various nitrogen sources for lipid production. Appl Biochem
Biotechnol 160: 1674–1684.
102. Wu QY, Yin S, Sheng GY, Fu JM (1992) A comparative study of gases
generated from stimulant thermal degradation of autotrophic and heterotro-
phic Chlorella. Prog Nat Sci (in Chinese) 3: 435–440.
103. Kobayashi N, Noel EA, Barnes A, Rosenberg J, DiRusso C, et al. (2013) Rapid
detection and quantification of triacylglycerol by HPLC–ELSD in Chlamydo-
monas reinhardtii and Chlorella strains. Lipids 48: 1035–1049.
104. Wase N, Black PN, Stanley BA, DiRusso CC (2014) Integrated quantitative
analysis of nitrogen stress response in Chlamydomonas reinhardtii using metabolite
and protein profiling. J Proteome Res, In press.
105. Komor E, Tanner W (1974) The hexose-proton cotransport system of Chlorella:
pH-dependent change in Km values and translocation constants of the uptake
system. J Gen Physiol 64: 568–581.
106. Ngangkhama M, Rathaa SK, Prasannaa R, Kumarb R, Babua S, et al. (2013)
Substrate amendment mediated enhancement of the valorization potential of
microalgal lipids. Biocatal Agric Biotechnol 2: 240–246.
107. Haass D, Tanner W (1974) Regulation of hexose transport in Chlorella vulgaris.
Plant Physiol 53: 14–20.
108. Kamiya A, Kowallik W (1987) Photoinhibition of glucose uptake in Chlorella.
Plant Cell Physiol 28: 617–679.
109. Kim DG, Hur SB (2013) Growth and fatty acid composition of three
heterotrophic Chlorella species. Algae 28: 101–109.
110. Reddy HK, Muppaneni T, Rastegary J, Shirazi SA, Ghassemi A, et al. (2013)
Hydrothermal extraction and characterization of bio-crude oils from wet
Chlorella sorokiniana and Dunaliella tertiolecta. Environ Prog Sust Energy 32: 910–
915.
111. Mitra D, van Leeuwen J, Lamsal B (2012) Heterotrophic/mixotrophic
cultivation of oleaginous Chlorella vulgaris on industrial co-products. Algal Res
1: 40–48.
112. Nichols HW, Bold HC (1965) Trichosarcina polymorpha Gen. et Sp. Nov. J Phycol
1: 34–38.
113. Tamura K, Peterson D, Peterson N, Stecher G, Nei M, et al. (2011) MEGA5:
molecular evolutionary genetics analysis using maximum likelihood, evolution-
ary distance, and maximum parsimony methods. Mol Biol Evol 28: 2731–2739.
114. Bligh EG, Dyer WJ (1959) A rapid method for total lipid extraction and
purification. Can J Biochem Phys 37: 911–917.
115. Laurens LML, Dempster TA, Jones HDT, Wolfrum EJ, Wychen SV, et al.
(2012) Algal biomass constituent analysis: method uncertainties and investiga-
tion of the underlying measuring chemistries. Anal Chem 84: 1879–1889.
116. Luthria D, Vinjamoori D, Noel K, Ezzell J (2004) Chapter 3: Accelerated
Solvent Extraction. In: D.L . Luthria, editor. Oil Extraction and Analysis:
Critical Issues and Comparative Studies. Champaign, IL: American Oil
Chemists’ Society Press. pp. 25–38.
117. Mulbry W, Kondrad S, Buyer J, Luthria DL (2009) Optimization of an oil
extraction process for algae from the treatment of manure effluent. J Am Oil
Chem Soc 86: 909–915.
Influence of Light and Sugar on Chlorella Lipids
PLOS ONE | www.plosone.org 13 April 2014 | Volume 9 | Issue 4 | e92460
